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Abstract
Factors Affecting the Degradation of the Nitrification Inhibitor Dicyandiamide in
a Lowland Canterbury Stream
by
Daniel Leslie Martin-Hendrie

Dicyandiamide (DCD) is an effective nitrification inhibitor and can reduce nitrate (NO3-) leaching
losses and nitrous oxide (N2O) gas emissions from soil. In New Zealand DCD was primarily used on
dairy farms in the aim of reducing the environmental impact associated with NO3- leaching from dairy
cow urine patches, which can load the soil with up to 1000 kg N ha-1. In soil, DCD is known to be
degraded by soil microorganisms, but it also has the potential to be leached. As no literature exists
on the degradation of DCD in waterways the purpose of this research was to investigate DCD
degradation in a lowland Canterbury stream, and to identify factors which affect DCD degradation in
waterways.
This research involved a laboratory based mesocosm experiment comprising of four treatments, with
three replicates of each, to simulate different waterway environments. The four treatments were;
aerated stream water, aerated stream water with an undisturbed sediment base, aerated stream
water with added plant material and an undisturbed sediment base, and anaerobic stream water
with an undisturbed sediment base. Water, sediment, and plant material collected from the LII
stream near Lincoln, New Zealand, was used for the experiment. Each mesocosm contained a depth
of 75 cm of stream water and the concentrations of ammonium (NH4+) and DCD, which were added
to each mesocosm at a concentration of 1 mg L-1, were monitored over 40 days.
During the experiment DCD was not degraded in the aerated stream water treatment. In the three
sediment containing treatments DCD was degraded with degradation occurring most rapidly in the
aerated stream water with a sediment base treatment in which 25.8% of the added DCD was
degraded, corresponding to a DCD half-life of 99 days. In the treatment containing plant material
DCD degradation was slightly slower with 23.0% of the added DCD being degraded, corresponding to
a DCD half-life of 139 days. This slightly slower degradation rate may be attributed to decomposing
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plant material providing an alternative, more accessable, source of nitrogen (N) to sediment
microbes, or the accumulation of plant material detritus on the sediment surface may have reduced
the incidence of DCD contacting sediment micoorganisms. Anaerobic conditions caused DCD
degradation to be reduced to 20.4% of added DCD over 40 days, corresponding to a DCD half-life of
175 days. However, an artefact occurred in this treatment as anaerobic conditions were not
constantly maintained due to ongoing photosynthetic activity in the mesocosms. The temperature
(12.3-19.4˚C) and pH (7.4-9.5) range the treatments were subjected to in this experiment did not
impede DCD degradation.
In the experiment all of the added NH4+-N was nitrified or removed from the stream water in each
treatment within 10-25 days of addition. Therefore, it can be concluded that at concentrations of up
to 1 mg L-1 DCD does not inhibit nitrification in waterways and will not cause an accumulation of NH3.
Keywords: dicyandiamide, DCD, waterways, LII, nitrification, degradation, mesocosm
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Chapter 1
Introduction
Dicyandiamide (DCD) (C2H2N4) , also known as cyanoguanidine, is an effective nitrification inhibitor
that can be used as a mitigation tool for reducing nitrate (NO3-) leaching losses and nitrous oxide
(N2O) gas emissions, and the extended environmental and human health problems associated with
these, from intensive agricultural systems when applied to soil (Di & Cameron 2002, 2005; Moir et al.
2007). The first stage of the nitrification process in which exchangeable ammonium (NH4+) is
enzymatically converted to readily-leachable, negatively charged NO3- by the soil bacteria
Nitrosomonas europaea is inhibited by DCD (Abdel-Sabour et al. 1990; Cameron et al. 2004; Moir et
al. 2007). Dicyandiamide is most effective at reducing nitrogen (N) losses from animal urine patches,
in which dairy cattle can load the soil with the equivalent of 1000kg N ha-1 (Di & Cameron 2002). It
has been shown to reduce overall annual NO3- leaching losses by up to 60% and N2O emissions by
75% from a New Zealand dairy pasture soil, as well as reduce cation leaching by 50% and increase
annual pasture production by 15% (Cameron et al. 2004; Cameron et al. 2005).
Dicyandiamide is a unique chemical in that is has both biological and chemical applications (Bach et
al. 1991). Primarily DCD is used for curing epoxy resins, fire retardant coatings, food packaging, metal
extraction and refining, and other engineering purposes. In agriculture and horticulture it was first
used as a slow release N fertiliser before its effectiveness as a nitrification inhibitor was first
recognised in the western world by Reddy in 1962. It was first commercially introduced in New
Zealand in 2004 (Cameron et al. 2004) with a focus on reducing the environmental footprints of dairy
farms. It was typically applied by spraying it directly on to pastures (a granulated form of DCD coated
on urea was also available) in autumn and early spring at a recommended rate of 10kg DCD ha-1
when NO3- leaching and soil drainage potential were high and pasture growth rate were low due to
cool, wet climate conditions (Cameron et al. 2004; Di & Cameron 2004a). However, following
detection of trace quantities of DCD in exported whole milk powder the sale and use of DCD in New
Zealand was suspended in early 2012 due to there being no international food safety standards for
the chemical.
It was also at about this time that concerns were beginning to be raised in New Zealand about the
potential impacts of DCD getting into the wider environment, particularly into waterways and
aquifers. As DCD is non-ionic, polar, and a very water soluble compound (3.20g DCD/100g water at
20˚C), has a KD of 0.00218 mol dm-3 (OECD 2003), and does not bind to soil constituents (KOW of -1.0)
or charged exchange sites it has the potential to be leached from soil (Abdel-Sabour et al. 1990; Di &
Cameron 2002; Zhang et al. 2004) to waterways. This was confirmed by Smith and Schallenberg
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(2013) who found DCD in surface drains and fresh water streams surrounding agricultural land in
South Otago. Leaching of DCD from soil in New Zealand was measured by Monaghan et al. (2009)
who found 7% of DCD applied to a silt loam soil was lost to tile drains in the soil over a four year
application period. Similarly Shepherd et al. (2012) measured DCD leaching losses ranging from 12 to
46% of applied DCD from clay, silt loam, and sandy loam soils in a lysimeter study.
As DCD is non-toxic (LD50 of >30,000mg DCD kg-1 body weight in female rats (OECD 2003)) there are
less concerns about its presence in drinking water and more concerns expressed over its potential to
alter N dynamics in waterways due to the inhibition of nitrification and accumulation of NH4+ (Smith
& Schallenberg 2013; Wilcock 2013). This could lead to high levels of toxic ammonia (NH3), especially
under alkaline conditions. Ammonia becomes toxic to salmonoids at concentrations of
80 μg NH3-N L-1 and New Zealand native fish species at 750 μg NH3-N L-1 (Richardson 1997; Smith &
Schallenberg 2013). If DCD persists and accumulates in waterways, and does not degrade as it does in
soil, it may lead to NH3 toxicity. However, in an in-stream mesocosm study (Johns 2013) no evidence
of nitrification inhibition or accumulation of NH3 could be found at DCD concentrations of up to
7.1 mg DCD L-1, but a slight disappearance of DCD over time was noted. There is some knowledge of
the mechanisms involved and factors effecting DCD degradation in soil in the literature but no
understanding of how it may degrade or persist in waterways.

1.1 Research Objective
The objectives of this study were to investigate the fate of DCD in a lowland stream in order to
determine potential degradability of DCD and to determine if it is likely to persist and potentially
accumulate in lowland waterway environments. To do so a mesocosm study will be performed
simulating possible instream environments with external variables controlled in order to identify the
factors responsible for DCD dynamics in a waterway.
In the study the effects of the presence or absence of sediment and aquatic plants, and aeration, set
up in an array of four treatments on DCD fate will be tested. It is hypothesised that little to no
degradation of DCD will occur in the stream water only treatment due to DCD being known to be
stable in water while in treatments containing sediment DCD degradation will occur due to the
presence of sediment dwelling bacteria potentially capable of degrading DCD. In the presence of
aquatic plants, DCD disappearance is expected to be greater again due to the increased potential for
bacterial DCD degradation to occur on plant surfaces or for binding of DCD to plant surfaces to occur.
Under anaerobic conditions it is hypothesised that the potential for DCD to be degraded will be
reduced due to the inhibition of microbial activity.
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Chapter 2
Literature Review
2.1 The Nitrogen Cycle
Nitrogen (N) is an essential element for plant growth and development as it is a constituent of plant
DNA, RNA, proteins, enzymes, chlorophyll, ATP, NADPH, auxins, cytokines and other plant
components (Andrews et al. 2013). Dinitrogen (N2) gas makes up approximately 78% of the
atmosphere but is not directly available to plants. In most New Zealand agricultural soils N is the
most limiting nutrient to plant growth (McLaren and Cameron 1996). Pasture N requirements can be
met by applying costly N fertiliser such as urea, or by making use of N fixing legumes such as clovers.
In soils, N is converted from plant unavailable N gas or organic substances to plant available mineral
forms or volatised back to the atmosphere as a range of different N gases.

Figure 2.1: The nitrogen cycle in soil (McLaren & Cameron 1996).
This cycling of N in soils is known as the N cycle (Figure 2.1) which involves four main processes: N
fixation, ammonification, nitrification, and denitrification (McLaren & Cameron 1996). Biological N
fixation is the process in which rhizobial bacteria in root nodules of legumes, such as clovers, and
some free-living bacteria in the soil, fix N2 gas from the atmosphere and convert it to organic N
3

compounds via NH4+, which can be utilised by the plant in return for sugars. Ammonification, also
known as mineralization, is the process in which microorganisms in soil organic matter convert plant
unavailable organic N compounds to NH4+, gaining energy in the process, which is readily plant
available. The two most economically and environmentally important N transformation processes in
soil are nitrification and denitrification.

2.1.1 Nitrification
Nitrification is an enzyme driven process where NH4+ is converted to NO3- by chemoautotrophic or
heterotrophic bacteria (Wrage et al. 2001). As NO3- is an anion it is unable to bind to negative
charged exchange sites on soil organic matter and clay particles and is therefore prone to leaching
from soil. The leaching of NO3- can increase the concentration of NO3- in groundwater, which if
extracted for drinking water can cause human health issues, especially in babies where it can cause
methaemoglobinaemia (McLaren & Cameron 1996). The New Zealand Ministry of Health safety
standard for NO3- in drinking water is of 11.3 mg NO3--N L-1. Nitrate also leaches to waterways where
it can contribute to the onset of eutrophication (McLaren & Cameron 1996).
The process of nitrification (Figure 2.2) involves the formation of NH3 from NH4+ which is then
converted to hydroxylamine (NH2OH) by the NH4+ mono-oxygenase (AMO) enzyme from Nitrosomas
type bacteria (Bouwman 1990). Hydroxylamine is then converted by the NH2OH oxido-reductase
enzyme from bacteria such as Nitrobacter to nitrite (NO2-) via a yet to be characterised pathway(s)
which potentially involves nitric oxide (NO) (Wrage et al. 2001). The third and final stage of the
process involves the oxidation of NO2- to NO3- by NO2- oxireductase. Nitrous oxide can be lost from
the process by other reactions occurring between NO2- and the soil depending on many other soil
properties and conditions especially aeration status (Bouwman 1990). The formation of NO2- from
NH3 produces 272kJ mol-1 and the oxidation of NO2- to NO3- produces 79kJ mol-1 for Nitrosomas and
Nitrobacter respectively as their primary energy sources (Bouwman 1990). The process of
nitrification in soil converts plant available NH4+ to NO3-, which is also plant available but as an anion
is highly leachable from the soil system. Overall, the process leads to the net acidification of soil
(Wrage et al. 2001).

Figure 2.2: The process of nitrification (Khan 2009).
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2.1.2 Denitrification
The final, process closing of the N cycle is denitrification (Figure 2.1), in which unleached and nonplant utilised NO3- is converted to a range of gases, including NO, N2O, and N2, which are then lost
back to the atmosphere (Figure 2.3). Biological denitrification occurs at low oxygen concentrations in
the soil where denitrifying chemoheterotrophic bacteria such as Pseudomonas, Bacillus, and
Paracoccus use NO3-, NO2-, NO, and N2O as electron acceptors (Firestone & Davidson 1989; Bouwman
1990). The denitrification process is driven by enzymes which source electrons and carbon from
organic carbon compounds in soil organic matter in order to reduce NO3- for bacteria growth in low
oxygen or anaerobic environments (Knowles 1982; Clough 1994). The amount of N2O lost from the
soil and the proportion of N2 to N2O that is emitted from soil during the denitrification process varies
depending on many soil factors including soil pH, moisture content/aeration, temperature, NO3concentration and soil organic carbon content (Bouwman 1990; Wrage et al. 2001).

Figure 2.3: The process of denitrification (Khan 2009).
The processes of nitrification and denitrification can be coupled together as NO2- and NO3- produced
from the nitrification process can be utilised by denitrifying bacteria in soil (Wrage et al. 2001).
Another process in soil is chemodenitrification where NO2- and NO3- react with organic or inorganic
compounds, forming a range of unstable compounds such as nitroso-groups on organic molecules
and nitrous acid (HNO2) which then degrade to N2O and N2 (Bouwman 1990; Muller 1995; Wrage et
al. 2001). For chemodenitrification to occur soils need to be acidic (pH <5) and there needs to be
large amounts of NO2- available (Bouwman 1990; Wrage et al. 2001).

2.2 Nitrification Inhibitors
Inhibiting the nitrification process is an effective method for improving N use efficiency (NUE) in
pastural agricultural soils (Trenkel 2010; Tindaon et al. 2011). By inhibiting nitrification, NO3- leaching
and N2O emissions and the economic losses and environmental damage associated with these can be
reduced, increasing agricultural sustainability. This is particularly important in intensive grazing
systems such as dairying where dairy cattle can load soil with the equivalent of 1000kg N ha-1 as urea
in urine patches, which is well in excess of what pasture plants can utilise in a growing season
(Haynes & Williams 1993; Jarvis et al. 1995; Di & Cameron 2002).
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Nitrification inhibitors are chemicals that have the ability to retard the nitrification process in soils
(Trenkel 2010). Worldwide, more than 300 nitrification inhibitors capable of use in agricultural soils
have been identified (McCarty 1999; Tindaon et al. 2011) These include DCD, nitrapyrin (2-chloro6(trichloromethyl)pyridine), and most recently DMPP (3,4-dimethypyrazole phosphate) which are
the most commercially available (Zerulla et al. 2001; Tindaon et al. 2011). Some of these inhibitors
consist of N-heterocyclic compounds, acetylene derivatives, sulphates and various herbicides and
pesticides. Different nitrification inhibitors prevent nitrification in different manners. Highly specific
inhibitors such as DCD and DMPP bind to the active site of the AMO enzyme so that NH3 cannot be
oxidised (Figure 2.4). These two nitrification inhibitors have a non-lethal (bacteriostatic) effect on
Nitrosomonas bacteria (McCarty 1999; Zerulla et al. 2001; Di & Cameron 2002, 2004b; Trenkel 2010;
Tindaon et al. 2011). Other nitrification inhibitors, such as thiourea and ammonium thiosulphate,
disrupt nitrification by chelating with copper, which is an important enzyme metal co-factor for AMO,
at the active site of AMO (McCarty 1999).

Figure 2.4: Mode of inhibition of the ammonia monooxygenase enzyme by DCD (Christie & Roberts
2004).
Other, more radical inhibitors suppress the growth of Nitrosomonas bacteria in soil reducing the
production of AMO. Nitrapyrin is a highly specific bactericidal inhibitor, or ‘suicide inhibitor’ (McCarty
1999), of Nitrosomonas and is also a substrate for AMO. When catabolised by AMO nitrapyrin
produces 6-chloropicolinic acid which is toxic to the enzyme and Nitrosomonas reducing the
population size of Nitrosomonas in soil and reducing the occurrence of nitrification until the
population recovers (McCarty 1999; Trenkel 2010).

2.2.1 DCD use in New Zealand
The viability of using DCD as an agricultural nitrification inhibitor was first described by Reddy (1962)
and the technology was first introduced to New Zealand by Di and Cameron (2002) before being
commercialised in 2004 (Cameron et al. 2004; Di & Cameron 2004b). The rationale for selecting DCD
6

to be used in New Zealand over nitrapyrin was because of its high water solubility, ease of
application, economics, its non-volatility, its ability to be applied with solid fertilisers, its
biodegradability in soil to plant available N, its specificity, and its environmental safety (Di &
Cameron 2002).
In New Zealand, the use of DCD was targeted towards reducing NO3- leaching and N2O emissions
from a rapidly expanding and intensifying dairy industry, in order to reduce the much criticised
environmental footprint of the industry (Di & Cameron 2002). Application of DCD to soil was by
either a fine particulate spray, commercially marketed as ‘eco-n’, or as a granule formulation,
marketed as ‘DCn’. A novel approach to applying DCD directly to dairy cow urine patches by dosing
cows with DCD in their feed which is then excreted in urine has also been investigated (O'Connor et
al. 2013). It was recommended that DCD be applied to soil in two applications of 10 kg DCD ha-1
following grazing in autumn and early spring when NO3- leaching potential was greatest, due to high
rainfall inputs to soils and low pasture production (Cameron et al. 2004), and when soil temperatures
where <10˚C to ensure DCD persisted in soil and was not rapidly degraded (Kelliher et al. 2008).
As eco-n, DCD was found to be able to reduce NO3- leaching from dairy pastures by up to 60% (Figure
2.5), N2O emissions by 75%, cation leaching by 50%, and increase annual pasture production by 15%
(Cameron et al. 2004; Cameron et al. 2005).

Figure 2.5: The effect of eco-n applied in May and May plus August on the NO3- concentration in
drainage water from below dairy cow urine patches (1000 kg N ha-1) deposited in May
to a Templeton soil (annual applied N fertiliser of 200 kg N ha-1) in lysimeters (Di &
Cameron 2004c; Cameron et al. 2005).
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Although not as intensive as dairy farming in New Zealand, DCD has been found to be effective at
reducing NO3- leaching by 27% on average over a four year period from urine patches on a sheep and
beef farm with light pumice soils in a sensitive catchment area near Lake Taupo (Cameron et al.
2007). Nitrate leaching from twenty grazed lysimeters, in which 14.3% of the area had urine
deposited on it by grazing animals, was reduced by 27% per annum on average over a four year
period. DCD was found to be effective at reducing NO3- leaching losses by up to 70% and N2O
emissions by 72% from sheep urine patches, where the N loading is equivalent to 300kg N ha-1 from a
Templeton soil in a lysimeter study (Moir et al. 2010). This finding proposed the suitability of DCD for
use on winter break-fed pastures grazed by sheep. Similarly, when investigating the effectiveness of
DCD for reducing N losses from a dairy cattle grazed winter forage crop Monaghan et al. (2013)
found that although DCD did not significantly reduce NO3- leaching it did conserve up to 40kg N ha-1
which was instead converted to plant biomass, and DCD reduced N2O emissions by 25%.
However, the use of DCD in New Zealand agriculture was suspended in early 2012 following the
discovery of trace quantities of it in processed whole milk powder (Campbell 2012). This ban on DCD
was put in place to prevent further DCD contamination of milk in order to protect New Zealand’s
dairy export industry due to there being no international food safety standard for quantified
allowable limits of DCD in consumer products. Efforts are ongoing to register a food safety standard
with trading nations but it is unlikely DCD will return for use in New Zealand in the near future.
Now that DCD is unavailable in New Zealand preliminary investigations into the suitability of DMPP
for reducing soil N losses and maintaining the sustainability of the New Zealand dairy industry are
being carried out (Di & Cameron 2011). As with DCD, DMPP is non-toxic to plants, biodegradable in
soil, and has been shown to be effective at reducing both NO3- leaching levels and N2O emissions
(Zerulla et al. 2001). Although it is more expensive than DCD it only needs to be applied at rates of
0.5 to 1.5 kg -1 ha-1 and is less likely to leach from soil.

2.3 DCD Leaching
As DCD is non-ionic, polar, very water soluble (3.20g DCD/100g water at 20˚C, KD of 0.00218 mol dm-3
(OECD 2003)) and is unlikely to bind to soil constituents (KOW of -1.0) or charged exchange sites it has
the potential to be leached from soil (Abdel-Sabour et al. 1990; Di & Cameron 2002; Zhang et al.
2004). When aiming to reduce NO3- leaching it is recommended that DCD be applied in two
applications, one in autumn and the other in early spring (Di & Cameron 2002; Cameron et al. 2004)
when rainfall exceeds evapotranspiration and soil drainage, and hence NO3- leaching, occurs. Due to
cooler, wetter soil conditions plant production is also slowed which reduces plant N uptake and
reduces DCD degradation. Given these factors and the physiochemical properties of DCD there is
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potential for DCD to also be leached from soil over this period. As with NO3-, DCD has the potential to
leach to groundwater systems or to waterways.
In contrast to the studies by Di and Cameron (2002, 2004b) on light, shallow Canterbury soils,
Monaghan et al. (2009) investigated DCD effectiveness when applied in a granule formulation to a
heavy, poorly-drained Southland soil supporting a dairy pasture and containing artificial mole drains.
Over the four year course of the experiment DCD was applied in split applications 2, 3, 3, and 2
applications each of 10 kg DCD ha-1 each year respectively. Of this applied DCD small amounts were
detected in drainage waters from the mole drains. This leaching corresponded to a loss of 2, 6, 7, and
16% of applied DCD to the mole drains each year respectively (Figure 2.6), and 7% of applied DCD
overall throughout the four year course of the experiment. In the final year of the experiment it was
estimated that approximately one-third of the DCD leached that year leached in a single 36 mm
drainage event which occurred on the day after DCD application. This highlights the high mobility of
DCD in soil and its ability leach, especially when considering the amount of rainfall required to
dissolve the DCD granules and to transport the DCD to the mole drains, which were at a depth of
450 mm in the soil.

Figure 2.6: Effect of DCD application on drainage DCD-N concentrations (g m-3).
DCD application (10 kg DCD ha-1) (Monaghan et al. 2009).

shows date of

In a two year lysimeter study by Shepherd et al. (2012) the effects of soil type and rainfall inputs on
DCD concentration in drainage waters were investigated. Sixteen 65 cm lysimeters from sandy loam,
silty loam, and clay soils were collected. Half of the lysimeters of each soil type were subjected to a
targeted annual 1140 mm precipitation input from natural rainfall (1373 mm in the first year and
1103 mm in the second). While the other eight were subjected to natural rainfall inputs with the
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same amount again as irrigation with an annual target of 2280 mm precipitation input (2351 mm in
the first year and 2222 mm in the second). Dicyandiamide was applied to all lysimeters in two
applications of 10 kg DCD ha-1 each year. Irrespective of rainfall treatment, of the 20 kg DCD ha-1
applied each year, DCD leaching losses from the lysimeters ranged from 23-43% from the clay soil,
12-39% from the silt loam soil, and 16-46% from the sandy loam soil (Table 2.1). Irrespective of soil
type DCD, leaching losses from the natural rainfall treatment averaged 3.9 kg DCD ha-1 yr-1, and
7.8kg DCD ha-1 yr-1 from the rainfall plus irrigation treatment respectively.
Table 2.1: DCD leached (kg DCD ha-1 yr-1) from each soil type and precipitation target (Shepherd et
al. 2012). Annual DCD application was 20 kg DCD ha-1 yr-1. Data shown are for DCD
leaching from the main drainage period (May to October) and entire experimental
year (May to April).

In this study the effect of soil type on DCD leaching could be explained by the cumulative amount of
drainage that occurred from each soil (Shepherd et al. 2012). The substantial amount of DCD leaching
that can occur from soil, especially in high rainfall environments, was highlighted.

2.4 DCD Degradation
There is a limited understanding of the mechanisms involved in the degradation of DCD in soil in the
literature, and there has been disagreement over the drivers and factors involved in the process. No
investigations into the degradation of DCD in waterways exist in the literature. The degradation of
DCD has been described as being either biologically or chemically driven with a likely combination of
the two processes in soil. The general degradation pathway of DCD in soil is recognised as the stepwise hydrolyzation of DCD firstly to guanylurea and then to guanidine, urea and ammonium
respectively (Figure 2.7).
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Figure 2.7: Hydrolyzation pathway of DCD in soil (Hauck & Behnke 1981; Gautney et al. 1985).
Due to the acidic conditions that usually persist in New Zealand soils, the ammoniacal N released in
these reactions is mostly likely to persist as plant available NH4+ rather than NH3 (Cameron et al.
2013). However, in typical fresh waterways where the pH usually ranges from 6.5 to as high as 9.0,
depending on the levels of photosynthetic activity occurring (Marlborough District Council 2009), this
released ammoniacal N is more likely to persist as NH3 where it can contribute to NH3 toxicity in the
waterway (Cameron et al. 2013). In soil it is this degradation pathway of DCD that causes it to act as a
slow release N fertiliser as although only applied 20 kg DCD ha-1 yr-1 DCD contains 66.7% N by weight
(Rajbanshi et al. 1992b; Di & Cameron 2002).

2.4.1 Metal Oxide Degradation
Amberger and Vilsmeier (1979) first described the hydrolyzation of DCD to guanylurea in soil as being
solely dependent on being catalysed by metallic oxides, particularly amorphous iron(III) hydroxide.
This was proven by adding 20 mg DCD-N g-1 sand to quartz sand where it remained undegraded until
metal oxides were added 100 days later.
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Table 2.2: Degradation of DCD (initially 20 mg DCD-N g-1 sand) to guanylurea in quartz sand (100g)
in the presence of metal oxides (0.5g) in 10 days at 5% saturation and 18˚C (Amberger
& Vilsmeier 1979).
Metal Oxide

DCD-N (mg) remaining

Guanylurea-N (mg)

Fe(OH)3

6.4

14.0

MnO(OH)2

9.9

10.0

Cu(OH)2

13.3

6.0

Zn(OH)2

18.0

2.0

However, in the sand the DCD was only degraded one step to guanylurea compared to in soil where
further degradation was found to occur with 20 to 70% of added DCD being completely degraded
within 100 days of being added to the soil (Amberger & Vilsmeier 1979). This suggests that
constituents in soil, other than metal oxide catalysts, were effecting the further degradation of DCD,
most likely bacteria. They also noted the importance of other soil factors, namely soil moisture
content, on DCD degradation. To further test this theory of metal oxide catalysed degradation
Rajbanshi et al. (1992a) applied DCD to sterilised soil with and without added iron oxide expecting to
see a decrease in DCD concentration over time. However, they did not see such a decrease, even
after 36 days, therefore contradicting the findings of Amberger and Vilsmeier (1979).
Although not proven, given that there is potential for DCD degradation by metal oxides to occur in
soil then there is potential for it to be degraded in waterways in the same manner. Positively charged
metal oxides, especially iron oxide and hydroxide, can enter waterways by leaching from soil, usually
with the negatively charged phosphate ion (Vuori 1995). This leaching is exacerbated by
intensification of surrounding land and although highly variable it may be possible to record iron
oxide leaching levels and concentrations in waterways relative to phosphate concentrations (Vuori
1995). When entering waterways these iron oxides are not usually bioavailable or chemically active
due to bonding with phosphate ions, and when these oxides are hydrolysed they rapidly form
complexes with suspended sediments or organic compounds which then settle on the bottom of the
waterway (Vuori 1995).
This theory could be tested by adding DCD to waterways and monitoring the concentrations of
guanylurea in the waterway. An accumulation of guanylurea with equal declines in DCD
concentration would indicate the DCD degradation was being caused by iron oxides. However, if
guanylurea does not accumulate as DCD degrades it will indicate that microbial decomposition, or
possibly other causes, are also responsible for the degradation of the DCD.
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Photodegradation of metal oxide complexes, and other organic and inorganic compounds, in
waterways has been found to be capable of producing free hydroxyl radicals (Zhou & Mopper 1990;
Zhan 2009). Although DCD is non-volatile and does not exist in the atmosphere it has been shown to
be rapidly degraded by hydroxyl radicals in the atmosphere (t1/2 of 3.1 hours) (OECD 2003), and
therefore there is also potential for DCD to be degraded by hydroxyl radicals in waterways.

2.4.2 Bacterial Degradation
Following research by Paulmichl (1986), Hauser and Haselwandter (1990) identified the ability of soil
bacteria to assist in the complete hydrolyzation of DCD to NH3 and isolated the Mycobacterium sp.
strain EK1 that was able to degrade DCD as its sole N source when no other N sources were available.
They also noted the importance of temperature, aeration and initial DCD concentration on DCD
degradation rate. In 1991, Schwarzer and Haselwandter confirmed that the mineralization of DCD-N
by EK1 to be enzymatically driven by plotting DCD degradation rate against the concentration of
bacteria in a supernatant (Figure 2.8), which revealed a curvilinear relationship that followed typical
Michaelis-Menten kinetics providing evidence for such enzymatic degradation.

Figure 2.8: DCD degradation in pure culture conditions of EK1 (25˚C, 100rev min-1) as a percentage
of initial DCD concentration over time (Hauser & Haselwandter 1990).
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Figure 2.9: The rate of enzymatic DCD degradation (initial concentration of 1.60g L-1) at 25˚C in
relation to the concentration of substrate (EK1 lysate) in a TED buffer showing a
typical plot of Michaelis-Menten kinetics (Schwarzer & Haselwandter 1991).
As well as EK1, other studies have found other common soil bacteria that are capable of completely
degrading DCD in soil, especially when other more freely available sources of N become depleted or
are unavailable. Hallinger et al. (1990) isolated bacteria from compost belonging to the genus’s
Rhodococcus and Psuedomonas that were capable of rapidly degrading DCD when no other sources
of N were available and noted that populations of the bacteria grew rapidly as DCD was consumed. It
was also noted that the degradation pathway of DCD by soil bacteria did not always conform with
that expressed by Hauck and Behnke (1981) in Figure 2.5, above, as they found other, non-identified,
DCD degradation products for each type of bacteria.

Figure 2.10: Degradation of DCD by a) Rhodococcus sp. and b) Psuedomonas sp. in a nutrient
solution and increase in viable bacteria count per ml nutrient solution with DCD (200
mg DCD-N L-1 initial) as the sole N source (±1 SD from four replicates). (+) DCD
concentration in sterile controls and (x) bacteria count with no DCD-N source
(Hallinger et al. 1990).
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Schwarzer et al. (1998) discovered the ability of soil bacteria to syntrophically degrade DCD. Alone,
single isolates of Xanthomonas maltophilia, Radiobacter sp., and Aureobacterium sp. were unable to
degrade DCD or survive on media containing only DCD as a N source. However, when Xanthomonas
maltophilia was cultured with either Radiobacter sp. or Aureobacterium sp. in consortium both types
of consortia were able to rapidly degrade DCD and proliferate on the medium. Although unable to
fully explain why this syntrophic DCD degradation occurred Schwarzer et al. (1998) were able to
highlight the importance of investigating wider bacterial consortia rather than just pure cultures of
bacteria in chemical degradation studies. In a study by Rajbanshi et al. (1992a, b) no DCD degradation
was noted in sterilised soil but when soils were re-inoculated with initially existing bacteria DCD
degradation was rapid, with the highest DCD concentration treatment of 33.3 μg DCD-N g-1 dry soil
being completely degraded within 7 days of re-inoculation. Classification of the bacteria responsible
for this DCD degradation was not attempted due to the expansive range of bacteria added to the soil.
Syntrophic bacterial degradation of DCD may have also occurred alongside single species
degradation.
DCD degradation in soil has been proven to be bacterially driven so it can be expected that the most
likely cause of DCD degradation in waterways will also be bacterial. These identified bacteria so far
also all require a carbon source and adequate oxygen to respire, so their viability in waterways will
depend on this. Therefore, the concentration of free-living bacteria in stream water is not likely to be
very high due to the lack of a structured soil/organic matter matrix but there is potential for bacteria
capable of degrading DCD to exist in effective concentrations in the uppermost layer of streambed
sediments where an aerobic, organic matter rich layer often exists. Such degradation could also
occur on the biofilms of aquatic macrophytes surfaces.
However, due to the physiochemical properties of DCD (KOW of -1.0, high water solubility, polarity,
and KD of 0.00218 mol dm-3 (OECD 2003)) it is not expected to bind to organic plant material or
diffuse/absorb into streambed sediments where these bacteria exist. It could be degraded by such
bacteria at the sediment surface. The rate of bacterial degradation of DCD in flowing waterways is
expected to be low due to the availability of other forms of N to bacteria (particularly NH4+ and NO3-)
and short residence times of the stream water. This could therefore lead to the accumulation of DCD
in lake and estuarine environments where such streams to flow into, exacerbating the potential
negative effects of DCD in waterways. However, an increase in DCD concentration in these
environments may also increase the availability of DCD to bacteria at the sediment surface and
therefore increase the rate of DCD degradation in that environment.
This theory of bacterial DCD degradation in waterways could be tested by measuring the
disappearance of a known concentration of DCD in a controlled fresh water environment such as a
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mesocosm system designed to mimic waterway conditions where internal and external variables can
be controlled.

Other causes of DCD disappearance
Kelliher (pers. Com. 2014) noted that in an informal investigation by a researcher known to him
involved a mesocosm environment where the algal growth accumulated DCD from the surrounding
water but did not consume or degrade it, as the DCD was released back to the water when the algae
died. Further study is required to understand this phenomenon.
DCD is not expected to be photodegraded in waterways due to it being photochemically stable in
solution (Johns 2013).
DCD may possibly form complexes with metal ions (not oxides) in waterways as it has been shown to
do in engineering systems with metals such as cobalt, zinc and nickel (Panda et al. 1980). Although
this does not degrade the DCD, it would render it ineffective as a nitrification inhibitor and therefore
reduce its potential negative impacts on the waterway system.

2.5 Factors affecting DCD degradation
Many studies have investigated the influence of soil and environmental factors on the efficacy of
DCD at reducing nitrification processes, however, few have considered the impacts such factors may
have on the degradation of DCD in soil and waterways. In soil the degradation of DCD is likely to be
affected by many factors, especially soil temperature, soil type, structure, organic matter content,
fertility, moisture and aeration (Balaine et al. 2014), pH and redox conditions (Amberger & Vilsmeier
1979; Rajbanshi et al. 1992b, a; Schwarzer et al. 1998; Kim et al. 2012b). In general, due to DCD
degradation in soil being bacterially driven, any factor that is likely to promote or inhibit microbial
activity is also likely to affect DCD degradation in a similar fashion (Wakelin et al. 2014). It is
therefore likely the factors that affect microbial activity in waterways will also affect DCD
degradation in the same way.

2.5.1 Temperature
Soil temperature has been recognised as a main factor driving DCD degradation in soil (Amberger
1989; Bronson et al. 1989; Rajbanshi et al. 1992a, b; Di & Cameron 2002; Kelliher et al. 2008). Studies
investigating the effects of soil temperature on DCD degradation rates have produced varied results
indicating the interaction of other soil factors on degradation rates. DCD degradation rates increase
in soil as temperature increases as temperature is a driver of microbial activity in soil. In a pure
culture study of EK1 on a nutrient medium Schwarzer and Haselwandter (1991) noted that DCD was
degraded by the bacteria between a temperature range of 10˚C and 33˚C with an optimum of 25˚C.
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This agreed with Bronson et al. (1989) who found DCD to be most short-lived in soil at a temperature
of 22˚C. However, Vilsmeier (1980) noted the rate of DCD degradation to increase in soil at
temperatures up to 90˚C. However, at 40˚C Schwarzer and Haselwandter (1991) could not detect any
activity by EK1 and it is likely other soil bacteria capable of degrading DCD will also be inhibited a
such high temperatures. Therefore, it is likely this continued increase in DCD degradation rate at high
temperatures is due to an increase in metal oxide catalysed hydrolyzation of DCD, as proven by the
accumulation of guanidine (second step degradation product of DCD) rather than complete
degradation to urea and ammonium (Vilsmeier 1980).
In a data synthesis by Kelliher et al. (2008) that investigated DCD degradation in relation to soil
temperature in controlled studies across four countries they were able to define the general
relationship between soil temperature and time taken for DCD to degrade to half its initial
application concentration (DCD half-life) in soil (Figure 2.11). This relationship was defined as:
t1/2 (T) = 168e-0.084T
Where t1/2 is DCD half-life and T is soil temperature.

Figure 2.11: Relationship between the half-life of DCD (d) mixed into soil samples under controlled
conditions and corresponding soil temperature (˚C) (R2=0.85). The dotted lines
represent the 95% confidence intervals (Kelliher et al. 2008).
Therefore, Cameron et al. (2005) and Kelliher et al.(2008) both suggest that in order for DCD to be
most effective as a nitrification inhibitor and to reduce NO3- leaching and N2O emissions it should be
applied to soils when soil temperatures are less than 10˚C to prevent rapid DCD degradation. In New
Zealand it is generally over the cooler seasons when soil temperatures are this low and it is suggested
that DCD be applied in two applications, one in late autumn and one in early spring (Cameron et al.
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2005) to be most effective as during this period. Over this period rainfall inputs exceed
evapotranspiration and therefore drainage (and hence NO3- leaching) from soils occurs. It is at this
time that DCD concentrations in soil will be highest and it is likely DCD leaching, potentially to
waterways, will also occur. Due to the lower temperatures in waterways over this period when DCD
inputs are greatest, a reduction in microbial activity in the waterway can be expected and therefore
DCD degradation will be reduced.

2.5.2 Aeration
DCD degradation in soils has also been shown to be affected by soil aeration (Balaine et al. 2014)
with DCD degradation rate decreasing with reducing relative gas diffusivity of the soil. This is due to
the reduction of soil microbial activity and soil respiration which occurs with increasing soil moisture
content (Orchard & Cook 1983), thus reducing the ability of aerobic soil bacteria to degrade DCD. The
onset of anaerobic soil conditions can also promote the growth of bacteria that are able to respire
anaerobically, such as denitrifiers (McLaren & Cameron 1996). In a study by Amberger and Vilsmeier
(1988) investigating the leaching and degradation of DCD in flooded soils DCD was found to be
completely degraded within 34 weeks in aerobic soil conditions while one-third of the applied DCD
still remained after 60 weeks in anaerobic soil conditions.
DCD has been shown to have a higher efficacy at lower soil moisture levels (Puttanna et al. 1999) but
in New Zealand DCD was applied to soils with the aim of reducing NO3- leaching at times of greatest
leaching risk when soil water storage capacity is exceeded and drainage occurs. As DCD is itself prone
to leaching, it is likely that when DCD concentrations in waterways are high so too will be NO3- levels.
High NO3- and phosphate (PO4-) levels in waterways can cause them to become eutrophic (McLaren &
Cameron 1996) and starved of oxygen, thus reducing the depth of the aerobic layer streambed
sediments and potentially decreasing the potential for aerobic degradation of DCD in eutrophic
waterways.

2.5.3 Redox potential
Redox conditions in streambed sediments are likely to affect microbial activity levels and any DCD
degradation that may occur in waterways (Battersby 1990). Redox potential is strongly related to
oxygen availability in waterways and streambed sediments (Schmidt & Kalbus 2011; Schmidt et al.
2011) and can vary significantly within small areas due to changes in oxygen availability and depth of
the aerobic layer (Battersby 1990). A reduction in redox potential with reducing oxygen availability is
likely to decrease the activity of aerobic microbes in waterways and at the sediment surface which
could inhibit the degradation of DCD, unless DCD is degraded by anaerobic organisms at lower redox
potential (Battersby 1990). A negative redox potential in a waterway also has the potential to inhibit
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nitrification which could lead to an accumulation of NH3 causing toxicity in a similar manner as an
accumulation of DCD is feared to cause, as well as enhancing the onset of eutrophication (Khalid et
al. 1978).

2.5.4 pH
In soil, pH has been identified as a factor contributing to the efficacy and degradation of DCD. In a
study by Puttanna et al. (1999) the efficacy of DCD decreased with the addition of lime to soil in
which the pH was increased from 5.65 to 7.02. This was likely due to both increased nitrifier activity
and increased microbial activity overall (Barrneta et al. 1977; Slangen & Kerkhoff 1984), resulting in
greater degradation of DCD (Puttanna et al. 1999). In a pH range of 4.33 to 7.76 Robinson et al.
(2014) found that DCD effectiveness reduced with increasing soil pH and its concentration in soil
decreased exponentially over time, although pH had no clear effect on this. In waterways, pH can be
expected to influence the degradation of DCD. Due to the low buffering capacity of stream water,
there is potential for changes in water pH to vary depending on season and inputs (Wurts 2002).
Eutrophication and the accumulation of NH4+ in a waterway can cause a significant decrease in
stream water and sediment pH (Cameron et al. 2013). One of the aims of applying DCD to agricultural
soils is to prevent the leaching of NO3- to waterways that contributes to eutrophication. However, if
DCD were to enter a eutrophified waterway its degradation may be slowed due to the reduced
microbial concentrations in streambed sediments because of decreased water and sediment pH. The
effect of decreased pH due to eutrophication is less likely to be a major factor decreasing the
potential degradation rate of DCD in a waterway compared to the reduction in the availability of
oxygen to DCD degrading microbes.
In typical fresh waterways the pH usually ranges from 6.5 to as high as 9.0, depending on the
occurrence of photosynthetic activity (Marlborough District Council 2009). In a study of the LII stream
investigating diurnal fluctuations in N2O emissions Clough et al. (2007) found stream water pH to
average 8.1 and range from 7.4 to 9.1 depending on time of day.

2.5.5 Carbon to nitrogen ratio
In soil, DCD degradation is driven by soil bacteria that utilise it as a N source in the absence of other,
more readily available sources (Amberger 1989; McCarty 1999; Di & Cameron 2002). Soil microbial
activity is also dependant on the availability of organic carbon (C) substrate for which microbes
require N in order to convert it to body tissue (McLaren & Cameron 1996). Therefore as expected,
DCD is known to degrade more rapidly in soils with high organic C contents (Amberger & Vilsmeier
1979; Kim et al. 2012a) and high C to N ratios. Just as within soils, the C and N content, and rates of
cycling of these, in the aerobic layer in streambed sediments can vary significantly both spatially and
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temporarily which can effect microbial concentrations and activity rates (McClain et al. 2003). In
streambed sediments a high organic C content in the aerobic layer, and potentially dissolved organic
C content in solution, compared to a relatively low N content available for microbial respiration is
likely to increase the demand for DCD-N and therefore increase its rate of degradation. However, a
lower C to high N ratio has the potential to reduce the degradation rate of DCD due to alternative
sources of N such as NH4+ and NO3- being more readily available and utilisable by sediment microbes.

2.6 Conclusion
Nitrification and denitrification are processes in the soil N cycle that result in the production of NO3and N gases that are potentially harmful to humans and the environment. Application of nitrification
inhibitors, such as DCD, to soil can reduce the occurrence of these processes and reduce the loss of N
from soils. Dicyandiamide was first used in New Zealand in 2004 and was effective at reducing the
environmental footprint and sustainability of the dairy industry. However, in 2012 the use of DCD
was suspended following the discovery of it in milk powder. Dicyandiamide is applied over the cooler
winter period when the potential for NO3- leaching to occur is greatest. Given that DCD does not
strongly bind to soil constituents it to is also likely to leach from soil to groundwater or waterways. In
soil, DCD is degraded to benign products by soil bacteria therefore bacteria would also be expected
to be the cause of its degradation in waterways. In waterways the greatest concentrations of
bacteria occur in the aerobic layer of the streambed sediment. Due to the physiochemical properties
of DCD it is not expected to diffuse into this layer and will instead remain in the water column. As
DCD is microbially degraded, any factor that can affect microbial activity is also likely to affect DCD
degradation in the same manner, in both soil and waterways.
This literature study highlights the need test the fate of DCD in waterways as only assumptions, and
no clear conclusions, can be made from the literature to date.
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Chapter 3
Materials and Methods
3.1 Experimental Design
The experiment consisted of four treatments replicated three times in a laboratory based mesocosm
study organised in a randomized design. The four treatments consisted of:
1. Aerated stream water only, no streambed sediment (aerated stream water only).
2. Aerated stream water with undisturbed streambed sediment (aerated+sediment).
3. Aerated stream water with undisturbed streambed sediment and non-rooted aquatic plant
material (aerated+sediment+plant).
4. Anaerobic stream water with undisturbed streambed sediment (anaerobic+sediment).
Each mesocosm contained stream water to a depth of 75 cm above the surface of the sediment, or in
the case of the ‘aerated stream water only’ treatment a 75 cm column of stream water. This equated
to a volume of 3770 mL of water as the mesocosms had an internal diameter of 80 mm.
At the beginning of the experiment DCD andNH4+-N as ammonium sulphate ((NH4)2SO4) were both
added to the mesocosms at the equivalent rate of 1 mg L-1 of water. DCD addition aimed to mimic
DCD concentrations within the range of those found in drainage waters in studies by Shepherd et al.
(2012) (typically up to 1.5 mg DCD L-1) and Monaghan et al. (2009) (up to 3 g DCD-N m-3) across New
Zealand. NH4-N was added to stimulate N dynamics in the mesocosm systems and so that the effect
of DCD on nitrification could be observed.

3.2 Experiment Set Up
3.2.1 Material Collection
On the 13th of May, 2014, sediment samples for the nine sediment-containing mesocsoms were
collected from the LII stream near Englishs Road, Lincoln, Canterbury, at the same location as studied
by Johns (2013) (43˚40’42.69”S, 172˚28’35.88”E). The LII stream is mostly spring-fed and flows from
the Lincoln township 12 km southeast to Lake Ellesmere.
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Plate 3.1: Aerial view of the LII stream with the location of where sediment cores were collected
from pinpointed.
Intact sediment cores were collected by pushing the mesocosm containers, 1080 mm long
treansparent polycarbonate (Iplex) columns with an 80 mm inner diameter, fitted with opaque end
caps with screw on lids, 20 cm into the stream bed (Plate 3.2). As the water level in the stream was
deeper than the mesocosms the top cap was screwed on to create a vacuum effect while the
sediment cores were gently extracted from the streambed. The sediment was cut off flush with the
bottom of the mesocosm and the bottom cap was firmly secured. Stream water onside the
mesocosm was siphoned out, leaving 2 cm water depth, for ease of transport back to the laboratory.
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Plate 3.2: Sediment collection form the LII stream, 13th of May, 2014.
At the time of sampling no stream water collected and due to subsequent rainfall and a rise in water
level and turbidity, stream water for the mesocosms was not collected until the 18th of May. Also at
this time plant material for the ‘aerated+sediment+plant’ was collected from the stream by gathering
pieces of floating Elodea Canadensis which was selected based on the assumption that it would be
able to survive in the mesocosms without having to be rooted into sediment. Other aquatic plants
growing in the stream near the sampling site included species of Myriophyllum, Potamogeton, Elodea
and Nasturtium (Rutledge 2014 pers. com.).
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3.2.2 Experiment set up in the lab
In the lab the nine mesocosms containing sediment were randomly assigned to the three treatments
containing sediment (aerated+sediment, aerated+sediment+plant, and anaerobic+sediment) and the
three empty mesocosms the ‘aerated stream water only’ treatment. On the 19th of May each
mesocosm was carefully filled with stream water, as to not disturb the sediment, to a depth of
75 cm. Mesocosms were randomly arranged in a single file using a random number generator and
fastened to a lab bench (Plate 3.3).
To aerate the nine aerobic mesocosms three aquarium air pumps (Blue Planet, Bubbilo SP100) were
used with the air from each pump being split over three mesocosms at a rate of 0.5 L s-1 per
mesocosm. Soft, translucent rubbing tubing ducted the air through an airstone (Blue Planet) 1-2 cm
above the sediment surface. Top caps were placed on the three ‘anaerobic+sediment’ mesocosms.
The collected Elodea Canadensis material was blotted dry and split into three lots of 28.3g, 29.7g and
27.4g and added to the ‘aerated+sediment+plant’ treatment (mesocosms 3,5 and 9 respectively),
causing water levels in the three mesocosms to rise slightly. A piece of wire was used to push the
plant material around to distribute it evenly throughout the water in each mesocosm.
A fluorescent lighting system was suspended 30 cm above the mesocosms and 17 cm in front of the
mesocosms to increase photosynthetically active radiation (PAR) levels in the lab to ensure PAR
levels were consistent and above potentially limiting levels. The lighting system was set on an
automatic timer to turn on at 7 a.m. and off at 7 p.m. to simulate daylight hours more consistant
with early autumn and late spring. On the 3rd of June PAR levels were measured using a Li-COR
LI-1905A Quantum PAR sensor. At the top of the mesocosms PAR levels ranged from 43 μmol s-1 m-2
at the outermost mesocosms to 135 μmol s-1 m-2 in the centre of the experiment which decreased to
16 to 23.5 μmol s-1 m-2 at the base of the mesocosms. Ambient PAR levels in the lab were 3.5 to
5 μmol s-1 m-2 at 5 p.m.
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Plate 3.3: Mesocosm set up in the laboratory.
Once set up the mesocosms were allowed to settle and dissolved oxygen (DO) levels in the
‘anaerobic+sediment’ treatment were allowed to reduce prior to beginning the experiment. The
depths of sediment in each mesocosm was noted. Over this period some mesocosms leaked slightly
and one of the ‘aerated+sediment+plant’ mesocosms had to be carefully drained of stream water
and plant material so the bottom cap could be replaced. The extracted contents of the mesocosm
were retained and added back to the mesocosm. The DO levels in the ‘anaerobic+sediment’
treatment did not reduce sufficiently before beginning the experiment so they were purged with N2
gas to displace the remaining oxygen down to <10% DO saturation in each mesocosm.

3.3 Experimental Procedure
After allowing the mesocosms time to settle the experiment began on the 29th of May, 2014. 5 mL of
77.6 mg 100mL-1 of DCD stock solution and 7 mL of 252.2 mg 100mL-1 of (NH4)2SO4 were added to
each mesocosm to produce concentrations of 1 μg mL-1 of both DCD and NH4-N, respectively
(Appendix A). The DCD and NH4+-N additions were not mixed into the mesocosms as the bubbling
caused by the aeration pumps in the aerated treatments was deemed adequate enough to provide
effective mixing. In the ‘anearobic+sediment’ mesocosms a plastic plunger-like mixer was fashioned
using a plastic disc and wire and each of the three ‘anaerobic+sediment’ mesocosms was mixed daily.
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3.3.1 Sampling
Prior to the addition of the DCD and (NH4)2SO4 a 15 mL sample of water was removed from each
mesocosm using a 10 mL adjustable pipette so the original stream water concentrations of DCD and
NH4-N could be measured. The samples were then stored in 30 mL vials in a refrigerator at 4˚C until
they could be analysed. Two hours after the DCD and NH4SO4 were added to the mesocosms another
sample was taken. Regular sampling then commenced 24 hours after the DCD and NH4+-N were
added to the mesocosms with samples being taken every 24 hours for the first seven days of the
experiment. This was followed by one sampling event two days later (day 9) and then every third day
thereafter until the experiment finished on the 8th of July, 2014. Given the development of obvious
trends in the last period of the experiment only samples from every second sampling event were
sent for analysis. Prior to each sampling event the ‘anaerobic+sediment’ treatment mesocosms were
mixed and after sampling all water samples were stored in a refrigerator 4˚C prior to analysis.
Following each sampling event extracted mesocosm water was replaced by adding the same volume,
as that extracted, of non-treated stream water from the LII stream which was collected at the same
time as the water in the mesocosms and stored in a sealed container in the laboratory. By replacing
extracted water in such a way dilutions of the added DCD and NH4+-N occurred but other parameters
such as the volume and depth of water in each mesocosm remained consistent. The dilution effects
were accounted for when processing the results from sample analyses. Consideration also had to be
paid to concentrating effects caused by evaporation from the mesocosms which was corrected by
periodically replacing evaporated water with stored stream water.
During the experiment water was also extracted periodically for pH measurements. A 5 mL of water
from each mesocosm was pipetted into a 30 mL vial and the pH was measured using a Mettler
Torledo (EasySeven) pH meter. Once measured the 5 mL sample was discarded and the volume
replaced with stored stream water in the mesocosms. Measurements of pH were usually taken every
six days during the experiment but were taken more frequently when sudden pH changes occurred in
the ‘anaerobic+sediment’ treatment. The pH of the stored stream water was also monitered during
the experiment.
Before beginning the experiment and throughout the experiment the dissolved oxygen saturation of
the water in each mesocosm was monitored using a YSI DO200 dissolved oxygen meter. Dissolved
oxygen contents in the ‘anaeraobic+sediment’ treatment were measured every day but due to the
time required to measure saturation levels the dissolved oxygen contents of the aerated treatments
were only measured every second to fourth day. Water DO saturations were measured
approximately 5 to 10 cm above the sediment. During the experiment the DO saturation in the
‘anearobic+sediment’ treatment (mesocosms 2, 5, and 12) continuously increased so deoxygenating
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of the mesocosms with N2 gas was periodically required when DO levels became too high. All three
mesocosms were deoxygenated to <10% DO saturation when the DO levels rose to above 40% in one
or more of the mesocosms and when the N2 gas was available (unavailable over weekends).
Dissolved oxygen contents increased more rapidly in the ‘anaerobic+sediment’ treatment, especially
replicate 2, as the experiment went on. On day 18 of the experiment following deoxygenation
replicate 2 was wrapped in cardboard to shield it from all light and DO levels remained low until it
was unwrapped after two days to remain consistent with light inputs into the other mesocosms. This
consistency of low DO saturation while being shielded from light indicated the source of oxygen
increase to be due to photosynthesis occurring within the mesocosms. The growth of algae on the
mesocosms walls as the experimentprogressed attributed to the more rapid increases in DO levels
that occurred.
During the experiment the temperatures of the water in each mesocosm were also recorded during
the DO measurements. Although the water temperature in all mesocosms was not recorded daily the
temperatures in the ‘anaerobic+sediment’ treatment were and the variation in temperatures
mesocosms was not significant.

3.3.2 Extractions
At the end of the experiment extractions were performed to assist in determining the fate of the
DCD and NH4+-N.
Plant material from the ‘aerated+sediment+plant’ treatment was carefully extracted and then rinsed
once with deionised (DI) water and blotted dry to remove any stream water, and DCD dissolved
therein, the plant material. The fresh weights of the plant material from each mesocosm were then
measured and the plant material was placed in a 400 mL container and shaken with 250 mL of DI
water for one hour on an end-over-end shaker. The extraction solutions were then filtered through
0.45μm glass microfibre (Whatman, 42 grade) filter paper into 30 mL vials for DCD and NH4+-N
anaylsis. Remaining plant material was then divided in half for further extraction using 0.17 M
potassium chloride (KCl). The first half was frozen at -18˚C to cause cell lysis and to allow for any DCD
contained inside the plant cells to be extracted by again shaking the plant material with 250 mL of DI
water in a 400 mL container for one hour before filtering through a filter paper of known dry weight
into a 30 mL vial. The remaining plant material and the filter paper were then again shaken for one
hour with 250 mL of 0.17 M KCl in a 400 mL container and filtered into 30 mL vials to further extract
any DCD and NH4+-N. The remaining plant material and two filters were rinsed with DI water to
remove as much remaining KCl as possible and dried to a constant weight at 65˚C. The second half of
the plant material was shaken with 250 mL of 0.17 M KCl for one hour without having been frozen
first. It too was filtered into a 30 mL vial through a filter paper of known dryweight before being
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rinsed and dried to a constant weight at 65˚C. All extraction solutions were stored in a refrigerator at
4˚C before being analysed for DCD and NH4+-N content.
Following plant removal water in each mesocosm was siphoned off without disturbing the sediment.
A 1 L sample was collected from each mesocosm during siphoning for any further analyses that may
have been required. The remaining few cm of water was then gently tipped out of each sedimentcontaining mesocosm, while maintaining the structure of the sediments using a tight fitting
polystyrene disc. The disc was then used to extrude the sediments out of the bottom of the
mesocosms and into resealable plastic bags in three equal layers per mesocosm. The divided wet
sediments where then weighed and a 100 g subsample from each was placed in a 400 mL container
and shaken with 100 mL of 0.17 M KCl for one hour before being filtered through filter paper into a
30 mL vial for DCD and NH4+-N analysis. Collected filtrate was stored in a refrigerator at 4˚C until it
could be analysed. Another 200 g subsample of fresh sediment from each layer was dried in a drying
tin of known weight at 105˚C to a constant weight, to determine the bulk density, porosity, sediment
water content, and to quantify the amount of DCD contained in the sediment per unit dry weight of
sediment. From the dried sediment enough material was ground to pass through a 1.4 mm sieve to
fill a 30 mL vial for total C and N analyses.
Immediately following the removal of sediment from each mesocosm the internal wall of the
mesocosm was rinsed with DI water to remove any remaining stream water, containing DCD, from
the surfaces of the algae that had grown over the course of the experiment and to remove any
remaining sediment. The wetted algae was then scrubbed from each mesocosm using a 10x30 cm
microfibre cleaning cloth (3M, Scotch-Brite) of known dry weight that wetted with DI water and
wrapped tightly around a wooden rod. Once as much algae had been removed from each mesocosm
the microfibre cloths were placed in a 400 mL container with 250 mL of DI water and shaken for one
hour on an end-over-end shaker. The shaken solution was then filtered through a filter paper of
known dry weight, with filtrate first being collected in a 30 mL vial for DCD and NH4+-N analysis. The
microfibre cloth was gently wringed out to remove as much DI water from it as possible and was
then again shaken, along with the filter paper, for one hour in a 400 mL container with 250 mL of
0.17 M KCl to further extract any remaining DCD on or in the algae material. The shaken solution was
again filtered through a filter paper of known dry weight and a 30 mL vial of solution collected for
analysis. The collected samples were stored in a refrigerator at 4˚C until analysed. The micofibre
cloth and the two filter papers were then gently rinsed with DI water and wringed to remove
remaining absorbed KCl solution which may have affected the weights of each when dried. The
microfibre cloth and the two filters were then wrapped in a paper towel of known dry weight and
dried at 65˚C to a constant dry weight inorder to determine the dry weight of the remaining
extracted algae from each mesocosm.
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3.4 Analyses
DCD concentration using HPLC
Prior to analyses all collected samples were stored in a refrigerator at 4˚C. The analyses of the DCD
concentrations in the samples were carried out in three batches using an HPLC. The HPLC system
consisted of a Prominence degasser (DGU-20A3); liquid chromatograph (LC-20AB); auto-sampler (SIL20A HT); UV/Vis detector (SPD-20A); column oven (CTO-20A) with a Rezex RHM-Monosaccharid
column (50 x 7.80mm, Phenomenex) and used 0.0025 M H2SO4 as an eluent. The run time was 30
minutes with a flow rate of 1 mL min-1 and the analysis temperature was 45˚C. The inject volume was
25 μL and the detection wavelength was 210 nm with DCD concentrations measured by comparing
peaks to those produced by the standards with a detection limit down to 0.05 mg L-1. These
standards comprised of high purity DCD (99%, Sigma-Aldrich) in DI water at concentrations up to
3 mg L-1 to establish and appropriate standard curve range.
NH4+ and NO3- concentration using Flow Injection Analysis
A FOSS FIAstar 5000 triple channel flow injection analyser was used to measure NH4+-N and NO3--N
concentrations in the collected samples (Blakemore et al. 1987).
To measure NH4+-N concentrations 0.5 M sodium hydroxide (NaOH) was added to the sample stream
to increase the pH and convert NH4+ to NH3 gas. The gas diffused through a diffusion membrane and
into an indicator stream which changed colour (from red to blue) with an increase at 590 nm. In
comparison to the standard curve (from 0.5 up to 20 mg NH4-N L-1) the extent of the colour change
observed was proportional to the concentration of NH4+-N present in the collected sample solutions.
The detection limit was 0.1 mg NH4+-N L-1.
To measure the NO3--N concentration, NO3- was first reduced to NO2- using a cadmium reduction coil
(OTCR-open tubular cadmium reactor, efficiency of 76.35%) which was then reacted with
sulphanilamide/NED to form an azo dye compound. The colour intensity of this dye compound was
determined spectrophotometrically at 540 nm and its concentration was determined by comparison
of its colour intensity to those of the appropriate standard curve (0.5 up to 20 mg NO3--N L-1).

Total Carbon and Nitrogen
To determine the total C and N content of the upper and lower layer of sediments in each mesocosm
0.5 g of dried and crushed sediment was combusted at 900˚C in an Elementar Vario-Maz CN
Elemental Analyser. In doing so all elemental C and N is converted to CO2, and N2 or NOx gas which
was subsequently reduced to N2. These gases were then passed through a thermal conductivity cell
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to determine their original percentage composition in the sediment by comparison against an
appropriate standard curve.

Data Transformation
In order to be able to compare the rate of degradation between the treatments the measured DCD
concentration over time from each mesocosm was normalised against the DCD in the mesocosms on
day one and expressed as a percentage over time. The results were normalised to one day after DCD
addition due to the DCD being slow to mix within mesocosms. By converting the results to the
percentage of the initial DCD concentration remaining a degradation constant was able to be
calculated. This constant allows for extrapolation of results beyond the time limits of the experiment
and for application of the degradation constant to different scenarios such as DCD degradation in the
wider environment.
The concentration results for DCD and NH4+-N in each mesocosm were also adjusted for the effects
of the dilution that was caused by removing stream water containing DCD from the mesocosms and
replacing it with stored DCD-free stream water. Mesocosm water that was removed by sample
collecting was replaced with stored stream water in order to maintain water quantity and equal
ratios of water to sediment throughout the experiment, but in doing so a dilution of DCD and NH4+-N
in each mesocosm was caused. The results were also adjusted for the concentrating and diluting
caused by periodically topping up mesocosms with stored DCD-free stream water to counteract the
effects of ongoing evaporation from the mesocosms.

Statistical Analysis
All measured and transformed results were statistically analysed using Minitab 16 to compare results
between treatments. All results were first checked for normality before a general linear model and
one-way analysis of variance were performed to determine any significant differences over time and
any significant differences between treatments on specific sampling dates. A post-hoc Tukey’s test
was used to distinguish results when a significant difference was detected. All results are presented
as plus or minus one standard error of the mean (±1 SEM).
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Chapter 4
Results
4.1 Temperature
During the experiment the water temperature in the mesocosms varied significantly (P<0.01) over
time, ranging from a low of 12.3˚C on day 4 to a high of 19.4˚C on day 28. This variability in water
temperatures over time can be contributed to changes in air temperature in the laboratory due to
the weather and the operation of the externally controlled laboratory heating system, which
remained off over weekends (Figure 4.1).

Figure 4.1: Average mesocosm water temperature at 2.30pm daily.
The water temperatures were measured at 2.30 p.m. but it is likely that temperatures will have also
varied throughout the day due to changes in laboratory air temperature. The difference in water
temperature between the ‘anaerobic+sediment’ treatment compared to the others is due to
temperature measurements being taken every day for the ‘anaerobic+sediment’ treatment but only
periodically for the others due to the time required for temperature measurements, which were
coupled with dissolved oxygen saturation measurements. Therefore, due to the consistency in water
temperature between all four treatments on the days all four were measured it is most likely that the
temperature in the non-regularly measured treatments also varied similarly to that of the
‘anaerobic+sediment’ treatment over time as displayed in Figure 4.1. Statistical analysis also shows
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that although never more than 0.05˚C different the ‘aerated stream water only’ treatment was
consistently lower (P<0.05) than the ‘aerated+sediment’ and ‘aerated+sediment+plant’ treatments.
Although significant, this very small temperature difference is unlikely to have had any effect on DCD
and NH4+-N fate in the mesocosms.

4.2 Dissolved Oxygen
The DO saturation did not vary significantly between the three aerated treatments or significantly
over time. However, in the ‘anaerobic+sediment’ DO saturation varied significantly over time
(P<0.001) and the average between the three replicates ranged from a low of 5.6% on day 34 to a
high of 75.9% on day 32.

Figure 4.2: Average dissolved oxygen saturation in mesocosm water at 2.30pm daily.
Naturally occurring photosynthesis within the mesocosms, amplified by the growth of algae on the
mesocosm walls, was found to cause the increases in DO in the ‘anaerobic+sediment’ treatment,
especially in one of the replicates. The rate at which DO increase occurred became faster as time
progressed. The sudden decreases in dissolved oxygen saturation in the ‘anaerobic+sediment’
treatment indicate when the purging of N2 gas to displace produced oxygen occurred.
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4.3 Water pH
The average pH of the water in each of the three aerated treatments did not vary significantly
throughout the experiment and slowly increased up until day 34 (Figure 4.3). In the first 10 days of
the experiment the pH in the ‘anaerobic+sediment’ treatment was significantly more acidic (P<0.01)
than the aerated treatments after which the pH rapidly increased to be significantly more alkaline
(P<0.01) at day 34.

Figure 4.3: Average pH in mesocosm water.
The lower pH in the ‘anaerobic+sediment’ treatment at the beginning of the experiment was
expected due to a lower redox potential and greater abundance of H+ ions because of this. The
sudden increase in water pH from 7.7 at day 22 up to 9.5 at day 34 in the ‘anaerobic+sediment’
treatment may be attributed to the increase in photosynthetic activity that occurred from day 20
onwards. The pH of the stored stream water also increased throughout the experiment from 7.3 at
day 1 up to 7.9 by day 34. During the experiment the pH of the water collected for measuring from
each mesocosm was measured immediately. However, at the conclusion of the experiment on day 40
the water from each mesocosm collected for pH measurement was instead stored for 24 hours in a
refrigerator at 4˚C before it was measured. This may have led to the decrease in water pH seen
across all the treatments on this day.
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4.4 Ammonium Concentration
Following the addition of NH4+-N to each mesocosm the concentration of NH4+-N in mesocosm water
decreased until it was undetectable in all treatments (Figure 4.4) until traces of it reappeared in the
‘aerated+sediment+plant’ treatment at day 37.

Figure 4.4: Average concentration of ammonium in mesocosm water adjusted for dilution.
In all treatments NH4+-N in mesocosm water completely disappeared within 25 days of beginning the
experiment. The NH4+-N concentrations decreased most rapidly in the ‘aerated+sediment+plant’
treatment, which prior to NH4+-N addition already contained 0.63mg L-1. The addition of 1.0 mg NH4+N L-1 to this treatment only increased the overall NH4+-N concentration by 0.7 mg NH4+-N L-1 which
can be attributed to the rapid loss of NH4+-N that followed, with all NH4+-N in each replicate being
completely degraded within 10 days of addition. The ‘aerated+sediment+plant’ treatment contained
significantly more (P<0.05) NH4+-N at the beginning of the experiment than the ‘aerated+sediment’
treatment but following this date there was no significant difference in the rate of loss of NH4+-N
over time between the two treatments. Following the addition of NH4+-N the NH4+-N concentration in
the ‘aerated stream water only’ treatment remained constant until day 16 after which it too
decreased rapidly until it was all gone by day 25. From day 5 the concentration of NH4+-N in the
‘anaerobic+sediment’ treatment remained significantly greater (P<0.05) than in the other
treatments, apart from the aerated water treatment on day 13, until day 16 after which it rapidly
decreased.
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After 40 days the amount of NO3--N remaining in the mesocosm water averaged 6.22 mg L-1 in the
‘aerated stream water only’ treatment and 0.22 mg L-1, 1.63 mg L-1, in the ‘aerated+sediment’ and
‘aerated+sediment+plant’ treatments respectively. No NO3--N was detected in the
‘anaerobic+sediment’ treatment. The average NO3--N content of the added stream water used to top
up the mesocosms after sampling was 6.52 mg L-1.

DCD Concentration
In the mesocosms no accumulation of DCD was found to occur on plant surfaces or in plant cells, and
it was not found to be taken up by algae as suggested by Kelliher (2014 pers. com.). Extraction of the
mesocosm sediments found only trace concentrations of DCD in four of the nine mesocosms
containing sediment (Figure 4.1). In the ‘aerated+sediment treatment’ treatment sediments in two of
the three replicates were found to contain traces of DCD while in both the ‘aerated+sediment+plant’
and ‘anaerobic+sediment’ treatments only one of the three replicates were found to contain any
DCD in sediment. Of the sediments containing DCD, DCD concentration was greater in the upper
layer of sediment and decreased with depth.
Table 4.1: DCD contained in mesocosm sediments 40 days after addition to mesocosms (±1 SEM).

Changes in DCD concentration in mesocosm water over the 40-day experiment timeframe are shown
in Figure 4.5. No significant amount of DCD degradation in the ‘aerated stream water only’ treatment
was measured over the 40 days. In the three treatments containing sediment, DCD concentration in
mesocosm water decreased relatively steadily throughout the experiment accordingly to strongly
correlated first-order exponential functions. There was no significant difference in DCD concentration
remaining between the three sediment-containing treatments after 40 days. Overall, the total
amount of DCD degraded, as a percentage of the DCD concentration one day after adding DCD to the
mesocosms (± 1 SEM), was 25.8±2.3% in the ‘aerated+sediment treatment’, 23.0±3.6% in the
‘aerated+sediment+plant’ treatment, and 20.4±0.7% in the ‘anaerobic+sediment treatment’. These
correspond to DCD half-lives in the treatments of 99±2.3, 139±5.0, and 175±1.2 days respectively.
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Figure 4.5: The percentage of DCD remaining, as of the concentration of DCD in mesocosm water
one day after DCD addition, and adjusted for dilution.
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4.5 Sediments
Table 4.2: Sediment properties 40 days after DCD and NH4+-N addition (± 1 SEM).
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The mass of sediment contained in both the ‘aerated+sediment’ and’ aerated+sediment+plant’
treatment was not significantly greater than the amount contained in the ‘anaerobic+sediment’
treatment (Table 4.2). There were no significant differences in the porosity of sediments between
the three sediment containing treatments (Table 4.2). The sediment in the ‘anaerobic+sediment’
treatment contained the highest average C and N content but there was no significant difference
between the three treatments or any differences in C to N ratio. The NH4+-N contents of the
mesocosm sediments increased with depth, but due to the irregularity in sampling depths the
average NH4+-N content of the bulk sediment has been taken. Overall, the ‘anaerobic+sediment’ had
the highest NH4+-N content (Table 4.2) but was not significantly greater than the other treatments.
No NO3--N was detected in any mesocosm sediment.
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Chapter 5
Discussion
5.1 General Discussion
Water Temperature
The temperature of the water in the mesocosms averaged 16.5˚C throughout the 40-day experiment
period and varied considerably over time, ranging from a low of 12.3˚C on day 4 to a high of 19.4˚C
on day 28, due to changes in laboratory air temperature. These changes in temperature are higher
than would be expected in the field, especially over the cooler late autumn, early winter period. In a
study investigating N2O emissions from the LII stream Clough et al. (2006) measured a stable water
temperature of 13.1˚C at the river source, and a range of 8.1 to 13.0˚C depending on air temperature
throughout the length of the river. While in a summer experiment Clough et al. (2007) measured
mean water temperatures, which followed a diurnal pattern, ranging from 13.5 to 16.9˚C which is
within the range measured in the laboratory during this experiment. These changes in temperature
within the LII were found to be significantly correlated with irradiance (r=0.52, P<0.001) and air
temperature (r=0.68, P<0.001). Johns (2013) also measured an average water temperature of 13.2˚C
during a similar in-stream mesocosm study at the same trial site.
The recorded fluctuations in mesocosm water temperatures are due to changes in laboratory air
temperature that varied throughout the experiment. The biggest decreases in water temperatures
were recorded over weekends due to the heating system in the laboratory being externally switched
off over this time. When plotting changes in daily mesocosm water temperature against changes in
DCD concentrations in the ‘anaerobic+sediment’ treatment (Figure 5.1), in which water temperature
was measured on every sampling date, there was no definitive relationship between the variables
(R2=0.17).
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Figure 5.1: Changes in (∆) DCD disappearance rate in relation to changes in mesocosm water
temperature in the ‘anaerobic+sediment’ treatment.
It is therefore expected that water temperature was not a rate-limiting factor for DCD disappearance
during the experiment. Throughout the experiment the water temperatures in the mesocosms
where greater than the recommended maximum 10˚C temperature threshold for applying DCD to
soil in order to prevent rapid DCD degradation (Cameron et al. 2005; Kelliher et al. 2008).

Dissolved Oxygen Saturation
The DO content of the three aerated treatments did not change significantly throughout the
experiment and remained close to or slightly above 100% saturation. This corresponded to the
findings of Clough et al. (2007) who measured DO saturations ranging from 74 to 160% (equivalent to
7.5 to 15.5 mg O L-1) in the LII stream. DO saturation was also found to correlate with irradiance
(r=0.52, P<0.001) and water temperature (r=0.89, P<0.001), and fluctuated during the day with DO
saturation being lowest in the morning (6 a.m.) and highest in the late afternoon (4-6 p.m.). No
significant differences in DO content with depth were recorded.
However, in the ‘anaerobic+sediment’ treatment an artefact occurred in which DO saturation
continually increased and was unable to be keep at a minimal, anaerobic level. Purging of the
‘anaerobic+sediment’ mesocosms with N2 was regularly required to expel DO. This creation of DO is
likely to have been caused by ongoing photosynthesis by bacteria and further escalated by the
growth of photosynthetic algae on the mesocosm walls which first became noticeable approximately
halfway through the experiment and when the rate of oxygen recovery increased noticeably.
Throughout the experiment no reduction in the depth of what was visibly perceived to be the aerobic
layer in the sediment of the ‘anaerobic+sediment’ treatment (Plate 5.1) was observed which might
have occurred if anaerobic conditions had occurred.
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Plate 5.1: Aerobic sediment layer (upper darker layer in sediment) in an ‘anaerobic+sediment’
mesocosm after 40 days.
In the ‘anaerobic+sediment’ treatment DCD concentration in mesocosm water decreased slightly
slower than the two aerated sediment containing treatments but was not significantly different. It
was originally hypothesised that anaerobic conditions in the ‘anaerobic+sediment’ treatment might
inhibit microbial activity and reduce the rate of DCD degradation. Had the ‘anaerobic+sediment’
mesocosms been truly maintained at a constant level of low (<10%) DO saturation then differing
results may have been produced.
Given past work on the spring-fed LII stream (Clough et al. 2007) it is likely that anaerobic conditions
will not occur naturally in the LII stream, similar lowland streams may also be unlikely to become
anaerobic unless they become eutrophified. Therefore, if DCD were to leach to the LII its degradation
in the stream is not likely to be impeded by anaerobic conditions.

Water pH
The pH of the mesocosm water in each treatment was higher than that of the water in the LII which
ranged from 6.2 to 7.6 in a study by Clough et al. (2006). However, in another LII study, investigating
diurnal fluctuations in N2O emissions and water chemistry, Clough et al. (2007) found stream water
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pH to average 8.1 and range from 7.4 to 9.1. This pH range followed a diurnal trend, with water pH
being at its lowest at 6 a.m. and highest at 4-6 p.m., and this correlated positively with DO saturation
(r=0.97, P<0.01) and negatively with dissolved organic carbon content (r=-0.97, P<0.01). The pH
values in the experiment correspond well to those in the study by Clough et al. (2007).
In the mesocosms fluctuations in pH during the day are expected to have been much smaller due to
the systems being small and due to a lack of inputs into the system which drive such changes in pH,
for example, photosynthesis. The slight increase in pH in the aerated treatments throughout the
experiment can be contributed to ongoing photosynthesis, as was the rapid increase in pH in the
‘anaerobic+sediment’ treatment. At the beginning of the experiment the lower pH of the
‘anaerobic+sediment’ treatment was expected due to a lower redox potential because of the
prolonged lack of oxygen that would have occurred. However, the rapid increase in photosynthesis
and algal growth in the ‘anaerobic+sediment’ treatment that occurred from day 18 onwards will have
lead to the increase in pH.
In soil a pH range of 5 to 9 is suitable for bacterial activity (Smith & Doran 1996). At below a pH of 5
or above a pH of 9 bacterial activity can be inhibited, including the process of nitrification. The range
in pH that occurred in the experiment is within this ideal range for microbial activity and therefore
pH is not expected to have been a limiting factor to DCD degradation in the experiment. Due to the
rapid disappearance of NH4+-N in the aerated treatments, especially the ‘aerated+sediment’ and
‘aerated+sediment+plant’ treatments, it is obvious the pH range in the mesocosms during the
experiment did not inhibit nitrification.
No measurements of sediment pH were taken during the experiment which may have been different
to that of the mesocosm water and may have affected DCD degradation and nitrification activity,
especially depending on sediment redox potential, but they are unlikely to be greatly different than
to the water pH values.

Sediments
No significant differences in any sediment characteristic were recorded between the three sedimentcontaining treatments. This was unexpected as the lack of oxygen in the ‘anaerobic+sediment’
treatment was expected to reduce the depth of the organic layer and the amount of total C it
contained due to the reducing environment, but these obtained results and lack of expected
difference is due to the failure of the implementation of fully anaerobic conditions. This may have
been due to insufficient time in terms of the experimental length. For example, sediment depth was
never going to change due to limited opportunity for silt and organic matter to be deposited in the
mesocosm set up.
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Ammonium and Nitrate
At the beginning of the experiment the ‘aerated stream water only’ and ‘aerated+sediment’
treatments contained no NH4+-N as expected while the ‘anaerobic+sediment’ treatment contained
0.7 mg NH4+-N L-1 due to the anaerobic reducing conditions in the treatment. The
‘aerated+sediment+plant’ treatment also contained 0.63 mg NH4+-N L-1 which was not expected due
to the aerobic conditions but this may have been proven possibly be attributed to the slow
decomposition of the added plant material in the mesocosms providing a N source. Following the
addition of NH4+-N to the mesocosms to stimulate nitrification all of the NH4+-N in the
‘aerated+sediment’ and ‘aerated+sediment+plant’ treatment disappeared within 18 and 10 days
respectively (Figure 4.4). This rapid disappearance signifies that conditions in the treatments were
within the ideal range for microbial activity and/or plant uptake of N. DCD, at concentrations of up to
1 mg DCD L-1, did not inhibit nitrification or cause an accumulation of ammoniacal N in the
mesocosms. The prolonged concentrations of NH4+-N in the aerated water and ‘anaerobic+sediment’
treatments can be attributed to a lack of nitrifying activity due to a lack of microbes present in the
‘aerated stream water only’ treatment and the inhibition of microbial activity due to anaerobic
conditions in the ‘anaerobic+sediment’ treatment, respectively. The rapid disappearance of NH4+-N in
the ‘aerated stream water only’ and ‘anaerobic+sediment’ treatment that occurred from day 16
onwards (Figure 4.4) can be attributed to the uptake of NH4+-N by algae that grew on the mesocosm
walls and an increase in nitrifying activity in the ‘anaerobic+sediment’ treatment as more oxygen was
produced, respectively. No measurements of N contained in algae were made at the conclusion of
the experiment. NO3--N concentrations in mesocosm water were measured at the end of the
experiment but were not measured during it.
At the conclusion of the experiment NH4+-N concentrations in sediment solution were found to
increase with depth in the sediments from all sediment containing mesocosms. However, due to the
variability in sediment depths and irregularity in depths in which the sediments were divided the
average concentration of NH4+-N throughout the sediment for each mesocosm was presented (Table
4.2). No NO3--N was found in mesocosm sediments of any treatment at the end of the experiment.
No measurements of sediment NH4+-N or NO3--N prior to beginning the experiment were made so no
comparisons of changes in these in the mesocosm sediments before and after the experiment can be
made. The accumulation of NH4+-N with sediment depth can be attributed to decreasing oxygen
levels and reduction in nitrification potential because of this (Fischer et al. 2005) rather than because
of a inhibition of nitrification by trace amounts of DCD that had diffused into the sediments of only
some mesocosms.
As NH4+-N and NO3--N concentrations in mesocosm water decreased over time due to microbial and
algal consumption. Therefore, it may have been possible that microbial activity in the mesocosms
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became N limited. This may have lead to a decrease in microbial activity and microbial population
growth due to N deficiency, or it may have increased the demand for DCD-N and accelerated the rate
of DCD degradation, especially as microbial populations adjusted to being able to utilise DCD-N
overtime.

DCD Degradation
At the end of the experiment, 40 days after DCD and NH4+-N were added to the mesocosms, no DCD
was found in or on algae or plant material. This was not expected as algae was hypothesised to take
up DCD (Kelliher 2014 pers. com.). DCD disappearance from the mesocosm water was also expected
to be promoted by the presence of plant material due to DCD binding to plant material and microbial
decomposition on plant biofilms, but instead DCD was found to degrade no faster than in the
absence of plant material.
The lack of DCD degradation in the ‘aerated stream water only’ treatment can be attributed to the
absence of sediment as degradation occurred in all sediment containing treatments. DCD did not
diffuse into the sediments in all mesocosms but it was degraded in all confirming that DCD is
degraded at the sediment surface, presumably as a source of N by sediment microbes (Hallinger et
al. 1990). DCD degradation rate in all treatments appears to have increased in the second half of the
experiment once all NH4+-N was removed from mesocosm water. However, first-order exponential
trends applied to the DCD concentrations over time results in Figure 4.5 do not show this. It may
have been more appropriate to apply Michaelis-Menten kinectics to the obtained results.
Compared to in soil, where Kelliher et al. (2008) determined the half-life of DCD to be a function of
soil temperature, the degradation of DCD in the mesocosms was much slower. Maximum DCD
degradation occurred in the ‘aerated+sediment’ treatment (Figure 4.5) where the half-life of DCD
was 99 days. This can be attributed to the ideal conditions, including warm temperatures, high
aeration, and slightly alkaline pH, for microbial growth and activity resulting in higher demand for
DCD-N. These conditions were also present in the ‘aerated+sediment+plant’ treatment but DCD
degradation was slightly slower (half-life of 139 days) possibly due to plant material detritus which
built up on the sediment surface. This detritus may have acted as a C and N source for sediment
microbes and potentially reduced the ability of DCD to come into contact with the sediment surface.
Of the three sediment containing treatments DCD degradation was slowest in the
‘anaerobic+sediment’ treatment as originally hypothesised (Figure 4.5) with a DCD half-life of 175
days. This slower degradation can be attributed to a reduction in microbial activity and demand for
DCD-N due to the anaerobic conditions, and the implications of these conditions there in. However,
DCD degradation in this treatment was not significantly different to that of the aerated sediment
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containing treatments, which is likely due to the failure of fully anaerobic conditions to persist in the
mesocosms.
Of the treatments containing sediment, the individual mesocosm that lost the most DCD belonged to
the ‘aerated+sediment+plant’ treatment in which 28.2% of the DCD was degraded over the 40-day
experiment. However, the mesocosm that lost the least amount of DCD also belonged to the
‘aerated+sediment+plant’ treatment and only 15.9% of the DCD in it was degraded. The sediment in
the mesocosm that degraded the most DCD contained no DCD after the 40 days while the mesocosm
that degraded the least amount of DCD did contain DCD in the sediment. There were no differences
in sediment depth, porosity or C to N ratio, or amount of added plant material between the two
mesocosms. This variation in DCD degradation between the two mesocosms can be attributed to
differences in the microbial communities due to spatial variability in streambed sediments that can
occur over short spaces and due to differences in microbial community development over time. In
the low DCD degradation mesocosm the added plant material was noted to decompose faster which
may have altered the availability and type of N available to microbes in the sediment which will have
developed to utilise this plant N and allow DCD to diffuse into the sediment without being degraded.
Whereas, in the high degradation mesocosm the sediment microbial community will have developed
over time to more effectively utilise DCD-N as less of the added plant material decomposed.
Of the sediments containing DCD, DCD concentration was found to be higher in the upper layer of
sediment and lower in the bottom layer, but due to the irregularity between sediment layer depths
the average DCD concentration over the entire depth of sediment in each mesocosm is presented
(Table 4.1).

5.2 Application of results
The stream bed of the LII comprises of a silty mud with many macrophytes, mainly Elodea
canadensis, and also species of Myriophyllum, Potamogeton, and Nasturtium, covering an
estimated 85% of the river bed (Clough et al. 2007; Rutledge 2014 pers. com.). Therefore, the
most realistic results from the mesocosm experiment are likely to be those of the
‘aerated+sediment+plant’ treatment.
Given that DCD degradation is dependent on streambed sediment surface area and the LII stream is
12 km long, 13.5 m wide on average, 1.2 m deep on average, and flowed at a rate of 3.2 m3 s-1
(Clough et al. 2006; Clough et al. 2007). Then with a constant DCD concentration of 1 mg L-1 in the
stream water a total of 276.5 kg of DCD can be expected to pass down the LII in 24 hours (Appendix
A.2). Assuming that the rate of DCD degradation that occurred in the ‘aerated+sediment+plant’
treatment during the experiment was constant across the entire sediment area of the LII then as
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much as 714 g of DCD could be degraded in the LII in 24 hours (Appendix 2). Given that up to 46% of
applied DCD has been found to be able to leach from soil (Shepherd et al. 2012) a constant
concentration of 1 mg L-1 of DCD in the LII would correspond to maximum leaching occurring from 60
ha of surrounding farmland to the LII every 24 hours. Such a wide use of and large amount of
leaching would not be expected to occur so it is unlikely DCD concentrations in the LII would
constantly be a high as 1 mg L-1 but such concentrations may occur in slow flowing drainage ditches
that drain farmland to the river. Overall, a 714 g degradation of DCD only equates to 0.26% of 276.5
kg of DCD being degraded, so DCD in the LII can mostly be expected to be washed into Lake
Ellesmere into which the LII flows. This could lead to an accumulation of DCD in the lake where
localised DCD concentrations may exceed 1 mg L-1, in this case the concentration of DCD available to
microbes at the sediment surface will increase, which might increase DCD degradation rates if
microbial communities adapt to degrading DCD.
Due to the variability that occurs in streambed sediments (McClain et al. 2003) the degradation of
DCD in a stream is also likely to vary significantly both spatially and temporally. The results obtained
in this experiment are likely to be highly specific to the LII stream and DCD degradation rates in other
lowland streams will be dependent on the sediments and conditions that occur in the those streams.
DCD degradation in a stream, and the degradation that occurred in the experiment, will have been
influenced by many stream and sediment characteristics. The position in the stream will be an
important factor affecting DCD degradation. Changes in sediment types and microbial activity,
stream flow rate and depth, and DCD concentration at the sediment surface can be expected to be
different in the middle of the stream compared to at the sides of the stream and will change along
the course of the river.

5.3 Recomendations for future research
Given the variability in temperature and the artefact that occurred with the ‘anaerobic+sediment’
treatment in the experiment if the experiment were to be repeated then controlling these may
produce more significant results. By controlling mesocosm water at constant temperature, or by
subjecting different mesocosms to a range of constant set temperatures more reflective of those
that occur naturally in streams, then the effects of water temperature on DCD degradation would
become more apparent. In order to maintain constant anaerobic conditions in the
anaerobic+sediment treatment a constant supply of N2 could be purged through the mesocosms to
continuously displace any produced oxygen. Different levels of aeration and DO saturation could be
maintained in different mesocosms to further investigate the effects of aeration on DCD degradation.
As well as having different aeration levels monitoring sediment aspects influenced by aeration such
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as pH, Eh, C content and the depth of the aerobic layer may produce a greater understanding on the
effects of aeration on DCD degradation.
Other options for future experimentation could include altering the pH of the stream water and
sediment as microbial activity is dependent on pH, which in natural environments has the potential
to vary over a broader range than that of the pH values in this experiment. Applying 15-N labelled
NH4+-N, instead of non-labelled NH4+-N, to the mesocosms to stimulate nitrification would allow
added N and nitrification products to be tracked in the mesocosms to further prove that DCD does
not inhibit nitrification in stream water.
Given that an in-stream study of DCD degradation is not feasible, in order to measure the spatial
variability of DCD degradation in the LII stream a mesocosm study in which sediment cores taken
from different locations along the stream and/or within the stream and all subjected to the same
experimental conditions could be carried out. By assessing the differences in DCD degradation
between instream locations a greater understanding of spatial variability and expected DCD
dynamics could be obtained. Due to the variability in streambed sediments and flow characteristics
between different lowland streams sediment and water samples could be taken from a range of
different streams to investigate DCD degradation in the different streams and allow for comparisons
between them to be made.
Given that DCD degradation occurs at the sediment surface then DCD concentration at the sediment
surface is likely to influence DCD degradation rate. The concentration of DCD at the sediment surface
will be dependent on both the amount of DCD in stream water and the depth/volume of water to
sediment area ratio. Further research could investigate the effects of different DCD concentrations
on DCD degradation rates in stream water and to find the maximum degradation rate possible. In
this experiment mesocosms were given time to settle before beginning the experiment. Instead of
this pre-treating mesocosms with DCD to stimulate adaptation of microbial communities to adjust to
utilising and degrading DCD through prolonged exposure, which would be expected to occur in the
natural environments, may increase the rate of DCD degradation in the experiment and produce
accurate results as to those that may occur in the natural environment.
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Chapter 6
Conclusion
If DCD were to return to use in New Zealand and enter waterways then at concentrations of up to
1 mg L-1 DCD will not inhibit nitrification in waterways and will therefore not be responsible for an
accumulation of toxic NH3. In the mesocosm experiment the degradation of DCD was shown to be
dependent on the presence of streambed sediment. No clear conclusions can be made from this
study on the potential for degradation of DCD under anaerobic conditions, as might occur due to
eutrophication in waterways. Degradation of DCD in the mesocosms was found to be slow with a
DCD half-life in the vicinity of 99 to 139 days in aerated conditions. Due to this and the relatively
short water residence time in lowland Canterbury streams DCD may accumulate in lakes, such as
Lake Ellesmere, or be exported to the coast. Future studies need to investigate the effects of prior
DCD exposure on the rate of DCD degradation in lowland stream sediments, along with determining
how other factors such as temperature, pH and/or nutrient availability affect microbial degradation
rates of DCD.
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Appendix A
Calculations
A.1

DCD and NH4+-N stock solutions

Given that the mesocosms had a diameter of 8 cm and contained of 75 cm of stream water above
the sediment surface then the volume of stream water contained in each is:
V = πr2h
V = π (4 cm)2 x 75 cm
V = 3770 cm3
V = 3770 mL
In order to create DCD and NH4+-N concentrations of 1 mg L-1 in the stream water the weight of DCD
and NH4+-N required to be added to each mesocosm (n) is:
n = concentration x volume
n = 1 mg L-1 x 3770 mL
n = 3.77 mg
To add 5 mL of a 100 mL stock solution of DCD so that 3.77 mg of DCD is added to each mesocosm
the weight of DCD required in the stock solution (n) is:
n = DCD per mesocosm/volume stock solution added x total volume stock solution
n = 3.77 mg/5 mL x 100mL
n = 75.4 mg
Therefore 75.4 mg of DCD is required to make a 100 mL stock solution of which adding 5 mL to each
mesocosm will create a DCD concentration of 1 mg L-1. The actual weight of DCD used to make the
100 mL of stock solution was 77.6 mg, therefore 3.88 mg of DCD were added to each mesocosm.
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To add 7 mL of a 100 mL (NH4)2SO4 stock solution so that 3.77 mg of NH4+-N is added to each
mesocosm the amount of NH4+-N contained in (NH4)2SO4 first needs to be calculated. The molecular
weight (MW) of (NH4)2SO4 is:
MW (NH4)2SO4 = 2N + 8H + 1S + 4O
MW (NH4)2SO4 = 2(14.007) + 8(1.008) + 1(32.060) + 4(15.999)
MW (NH4)2SO4 = 132.333 g mol-1
As a percentage the amount of N contained in (NH4)2SO4 is:
% N = 2(MW N) / MW (NH4)2SO4 x 100
% N = 2(14.007 g mol-1) / 132.333 g mol-1 x 100
% N = 21.17 %
Given that (NH4)2SO4 is 21.17% N then the weight of (NH4)2SO4 required to be added (n) to each
mesocosm to produce a concentration of 1 mg L-1 of NH4+-N is:
n = NH4+-N required/ %N in (NH4)2SO4
n = 3.77 mg L-1 / 21.17%
n = 17.81 mg
Therefore the weight of (NH4)2SO4 required to make 100 mL of stock solution (n) so that 17.81 mg of
NH4+-N are added to each mesocosm in a 7 mL application volume is:
n = NH4+-N per mesocosm/volume stock solution added x total volume stock solution
n = 17.81 mg/7 mL x 100mL
n = 254.4 mg
Therefore 254.4 mg of (NH4)2SO4 is required to make a 100 mL stock solution of which adding 7 mL to
each mesocosm will create a NH4+-N concentration of 1 mg L-1. The actual weight of (NH4)2SO4 used
to make the 100 mL of stock solution was 252.2 mg, therefore 17.65 mg of NH4+-N were added to
each mesocosm.
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A.2

Amounts of DCD in the LII stream

In order to calculate the total mass of DCD in the LII stream over 24 hours then the volume of water
flowing down the stream in 24 hours first needs to be calculated.
Given a flow rate of 3.2 m3 s-1 (Clough et al. 2007), the volume (v) of water that flows down the LII
stream in 24 hours is:
v = (flow rate (m3 s-1) x1000) x time (s)
v = (3.2 m3 s-1 x 1000) x (60 s x 60 min x 24 hrs)
v= 3200 L s-1 x 86400 s day-1
v = 276,480,000 L day-1
Given a concentration of 1 mg DCD L-1 the mass of DCD (m DCD) in the LII per day will be:
m DCD = DCD concentration (mg L-1) x water volume (L day-1)
m DCD = 1 mg L-1 x 276,480,000 L day-1
m DCD = 276, 480,000 mg day-1
To convert this to kilograms:
m DCD = DCD mg day-1 x 1x10-6
m DCD = 276.5 kg day-1 (1 dp)
Therefore, at a constant concentration of 1 mg L-1 276.5 kg of DCD will pass down the LII stream in 24
hours.
To calculate how much DCD will be degraded in the LII stream in 24 hours then the DCD degradation
rate in the ‘aerated+sediment+plant’ treatment (which is the most representative treatment of the
LII) needs to be scaled up to encompass the entire stream.
Given that DCD degradation is dependent on sediment surface area and that the LII stream is 12 km
long, an average of 13.5 m wide and 1.2 m deep with vertical sides (assumed), then the total
sediment surface area (sa LII) in the stream is:
sa LII = length (m) x (width (m) + 2(depth (m)))
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sa LII = 12,000 m x (13.5 m + (2(1.2 m))
sa LII = 190,800 m2
Each mesocosm had a diameter of 8 cm therefore the area surface of sediment contained in each (sa
mesocosm) is:
sa mesocosm = πr2
sa mesocosm = π(0.04 m)2
sa mesocosm = 0.005 m2 (3 dp)
Given that the degradation of DCD followed a first-order exponential degradation curve and that the
daily degradation constant (k) in the ‘aerated+sediment+plant’ was -0.005 and the initial mass of
DCD in the mesocosm water was 3.77 mg, then the amount of DCD degradation that can occur daily
in the LII (d DCD) is:
d DCD = (sa LII / sa mesocosm) x ((1 – e-0.005) x mg DCD)
d DCD = (190,800 m2 / 0.005 m2) x ((1 – e-0.005) x 3.77 mg)
d DCD = 713,731 mg day-1
d DCD = 713.7 g day-1 (1 dp)
Therefore of the 276.5 kg of DCD in the LII stream per day 713.7 g of DCD can be expected to be
degraded. As a percentage of the total mass of DCD in the stream daily the amount of DCD degraded
daily (d %) is:
d % = (d DCD / m DCD) x 100
d % = (0.7137 kg / 276.5 kg) x 100
d % = 0.26 %
Therefore of the total daily amount of DCD in the LII stream 0.26% of it can be expected to be
degraded in 24 hours.
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